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      Abstract
Important learning outcomes for biology students include the ability to develop experiments as well as pull together 
concepts across their coursework. The field of developmental biology, especially environmental influences on development 
(eco-devo), provides a framework for connecting concepts including tissue dynamics, cell signaling, and physiology. An 
eco-devo framework also provides opportunities for experiments that are relevant to student interests and/or experiences 
by encompassing topics such as the impact of environmental contamination or maternal health on development. Here we 
present a guided course-based undergraduate research experience (CURE) for students to work with zebrafish embryos as a 
foundation for the design and execution of their own novel research project. The guided experiment that is performed first 
in this lesson explores how the weed killer atrazine might affect development of zebrafish, even though atrazine would not 
be expected to impact animals. The student-developed independent experiment is planned during the guided experiment 
and then performed in subsequent weeks by students in the second part of this lesson. The independent experiment allows 
students to investigate a research question related to their own interests. These experiments can be modified for a variety of 
courses depending on the instructor’s curriculum, time constraints, and goals for the experiment. Students are particularly 
engaged in the lesson because it enables them to investigate their ideas and interests.
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Lesson

Learning Goal(s)

At the end of this lesson, students will:

• Appreciate that environmental conditions can impact development 
of a vertebrate animal.

• Understand the connection between cell signaling and the 
morphological outcomes of developmental processes.

• Value the use of animals in scientific inquiry.

From the Developmental Biology learning framework: 

• How does the control of gene regulation contribute to development?
• How do extracellular factors control organ and tissue growth?
• How do different organisms help us understand development? And 

what are their strengths and limitations?

Learning Objective(s)

At the end of this lesson, students will be able to:

• Design, execute, and analyze a novel, controlled experiment to 
examine how environmental conditions affect developmental 
outcomes.

• Apply quantitative reasoning skills (e.g. data analysis, serial 
dilutions, generating data tables and/or graphs, etc.).

• Perform basic morphometric analysis.
• Present experimental findings orally in the form of a scientific 

meeting presentation.
• Present findings using standard scientific writing conventions.
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INTRODUCTION

There is overwhelming consensus that undergraduate 
research experiences have positive benefits for student 
learning gains (1-4) as well as student acquisition of skills 
and lasting learning (summarized in (5) and (6)). Importantly, 
these opportunities result in higher retention in STEM majors, 
graduation from college, and pursuit of STEM graduate degrees 
(5,7-10). Documented gains for underrepresented populations 
in STEM fields, including women and students of color, are 
especially encouraging (11). This has led to a call from the 
American Association for the Advancement of Science (AAAS) 
to increase access to research experiences for undergraduate 
students (12). Unfortunately, traditional apprentice models 
of undergraduate research are expensive (both faculty and 
students usually receive financial compensation) and are 
inefficient (faculty work with a small number of undergraduates 
at a time) (13-15), so new approaches to increasing research 
experiences for undergraduates are necessary.

In recent years, an emergent model of course-based 
undergraduate research experiences, or CUREs, circumvents 
these barriers to increase access to and benefits of participating 
in research, and may be a critical mechanism to increase 
diversity in STEM (16). Auchincloss et al. evaluated existing 
CUREs and defined common characteristics as having 
students engage with: 1) scientific practices, 2) discovery, 
or the investigation of the unknown, 3) work that is broadly 
relevant/important, 4) collaboration with others, and 5) 
iteration (17). CUREs are being developed and implemented 
at individual universities, as large-scale national projects (such 
as Howard Hughes Medical Institute’s SEA-Phages program, 
www.hhmi.org/developing-scientists/science-education-
alliance), and even international consortiums (for example, 
Yale’s Small World Initiative, www.smallworldinitiative.org). 
Online resources that highlight or curate CURE projects 
are also being developed, including CureNet (https://serc.
carleton.edu/curenet/index.html), but these resources often 
do not equip interested faculty with details and materials to 
recreate or execute a similar CURE. Here, a course-based 
research experience using zebrafish embryos is presented as 
a mechanism to teach students about environmental impacts 
on development.

Many research studies have shown that animal development 
is affected by the environment (eco-devo), whether 
development occurs internally or externally. Developmental 
biology textbooks can use this as a principle for teaching 
developmental biology (18); once a specific environmental 
effect is observed, scientists can explore the molecular and 
cellular events that underlie the developmental outcome. 
Although the current lesson begins with a guided experiment 
that explores the weed-killer atrazine’s effects on development 
in zebrafish embryos, there are many other eco-devo 
examples that underscore the relevance of environment on 
development. For instance, in various reptilian species, if eggs 
are incubated at a female-producing temperature, estrogen 
levels in the gonad increase to promote ovary differentiation 
(19). Interestingly, different reptilian species have different 
female-producing temperatures, so one species may produce 
females when eggs are incubated at low temperatures 
and another species may produce females when eggs are 
incubated at higher temperatures (20,21). Another well-

known example of environment influencing development is 
the case of thalidomide. Pregnant women were prescribed the 
drug in the late 1950s through the 1970s in Europe to treat 
morning sickness. Unfortunately, a concomitant increase in 
extreme limb malformations resulted in children exposed in 
utero (22). While the exact mechanism by which thalidomide 
causes limb defects is still not completely known, it is likely 
that it is partially due to inhibition of capillary formation 
that results in cell death (23), a defect that can be rescued 
by administering nitric oxide to promote angiogenesis in the 
presence of thalidomide (24).

This lesson uses zebrafish to study development. Frogs 
(Xenopus) and zebrafish (Danio) are model vertebrate animals 
that are commonly used in research labs to study toxicology and 
the interactions between the environment and development 
in general (25-31). These animals develop externally, and 
thus can be easily observed throughout all developmental 
stages; reliably produce large numbers of embryos; develop 
quickly; and are relatively easy and cost-effective to maintain 
or acquire. The ease of using zebrafish in the classroom is 
so recognized that resources are available for their use in 
K-12 classrooms, i.e., Zebrafish in the Classroom (www.zfic.
org), BioEYES (www.bioeyes.org), and Zebrafish K-12 (www.
uoneuro.uoregon.edu/k12/zfk12.html). Collegiate classrooms 
are also recognizing zebrafish as a model organism for guided 
inquiry, with several publications in the past decade using 
zebrafish as a tool to teach developmental biology. Zebrafish 
have been used in course modules to demonstrate second 
messenger systems (32), oxygen consumption (33), and 
nervous system development (34). Here we use zebrafish as 
an accessible system in which students can explore the effects 
of chemical exposure or other environmental parameters 
(temperature, pH, etc.) in a classroom laboratory. Students 
can first observe malformations (or lack of malformations) 
after a chemical exposure, then hypothesize and research the 
mechanisms underlying those malformations.

Several studies have used zebrafish as a model system to 
study the toxicology and teratology of exposure to the weed-
killer atrazine. These studies demonstrate the important 
developmental toxicology concept that duration of exposure 
and the developmental stage at which exposure occurs should 
be considered when studying environmental impacts on 
animal development. For example, in early developmental 
stages, atrazine can rapidly cross the outer membrane (chorion) 
that protects the developing zebrafish embryo (35). A study 
examining the toxicity of atrazine during embryonic, larval, 
and juvenile stages showed that juvenile and larval stages were 
more sensitive to constant atrazine exposure than embryonic 
stages (36). This study reported that atrazine-induced death 
was apparent within 48 hours of exposure, but atrazine-
induced malformations were not specifically monitored (36). 
At later larval stages, atrazine and its break-down products 
disrupt swimming behavior in zebrafish larvae, probably due 
to disruption of neuronal signaling (37,38). At the molecular 
and cellular level, atrazine exposure changes the activity 
of a group of enzymes, glutathione s-transferases (GSTs), 
that add reduced glutathione (a tripeptide antioxidant) to 
environmental chemicals (xenobiotics) to decrease the toxicity 
of the chemical. In zebrafish, the atrazine-induced change in 
GST activity varies depending on the stage of development 
(18,35). Therefore, the ability of zebrafish embryos to detoxify 

www.hhmi.org/developing-scientists/science-education-alliance
www.hhmi.org/developing-scientists/science-education-alliance
www.smallworldinitiative.org
https://serc.carleton.edu/curenet/index.html
https://serc.carleton.edu/curenet/index.html
www.zfic.org
www.zfic.org
www.bioeyes.org
www.uoneuro.uoregon.edu/k12/zfk12.html
www.uoneuro.uoregon.edu/k12/zfk12.html
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xenobiotics using GSTs depends on the stage of development 
(35,39). It is important to note that if zebrafish embryos are 
removed from an atrazine-contaminated environment, they 
can clear 75% of the atrazine within 3 hours and nearly all 
of the atrazine within 48 hours (35), although this study did 
not screen for subsequent malformations or death as a result 
of a short-term atrazine exposure. As a result, researchers, 
including those in a classroom lab, can choose to expose 
zebrafish embryos to atrazine for discreet periods of time 
during development to focus on the impact during gastrulation 
or neurulation, for example, and be confident that atrazine 
is subsequently detoxified and cleared. Published studies on 
atrazine exposure in zebrafish typically study the impact of 
exposure to multiple atrazine concentrations at one stage of 
development (35,37-41). We know of no published study that 
has provided a time course of malformations and death as a 
result of exposure to different atrazine concentrations across 
zebrafish development.

To date, very few CURE eco-devo projects using zebrafish have 
been described. A recently published CURE uses zebrafish to 
study the impacts of nicotine and caffeine on heart development 
over a 3-semester biology course sequence (42). The lesson 
plan described here is similar in principle, but it is designed 
to be completed in a single-semester. During an initial Guided 
Experiment, students gain experience with the techniques and 
skills they will need to address their own research question in 
an Independent Experiment. In the Guided Experiment, students 
work as a class to determine the developmental outcome when 
zebrafish embryos are exposed to different concentrations of 
the weed-killer atrazine during different developmental stages. 
This lesson also demonstrates how small research groups (lab 
partners) contribute to a larger study (whole class). Student 
groups are assigned different distinct windows of development 
to study, and then data are consolidated to generate a more 
complete time course so that all groups have contributed to the 
final result. As a result, students have the background information 
and skills needed to explore the potential effects of atrazine 
on different developmental processes, such as early cleavage, 
gastrulation, and organogenesis. While students are performing 
atrazine exposures, collecting data, and consolidating and 
analyzing those data, they are also planning their own 
Independent Experiment. Lab partners can choose a particular 
developmental process or stage that is most interesting to them 
and an environmental condition or chemical that may impact 
that developmental process.

Overall, both experiments outlined in this lesson meet 
the criteria Auchincloss et al. established for CUREs (17). 
Throughout the lesson, students engage with scientific 
practices, learn laboratory techniques to make observations, 
generate hypotheses, collect and analyze novel data, and 
present their research findings. Students are engaged in 
discovery centered around broadly relevant/important 
questions because impacts of environmental atrazine exposure 
are unknown and widely debated. Students collaborate with 
others, working in partners to design and execute experiments 
and collecting and analyzing data as a class. Finally, students 
experience iteration in the repetition of their own experiment, 
and in the investigation of reproducibility among the class as 
pairs all complete identical experiments.

Intended Audience
The full implementation of this lesson was used in an 

upper level developmental biology course at a residential 
small liberal arts college. The class had 12-16 students, and 
students worked in pairs. The students were in their third or 
fourth year and were required to be enrolled in a companion 
lecture course. The lecture course uses a textbook and 
includes journal clubs that focus on environmental impacts 
on development. All students in the course were majoring 
in biology or biochemistry and molecular biology and had 
completed the prerequisite core coursework in introductory 
animal biology, cell biology, and genetics. Students were 
proficient at collecting data, basic microscopy, performing 
descriptive statistics, and generating graphs from data.

This lesson could be modified into a capstone or culminating 
experience, as advanced coursework would allow for deeper 
interpretation of the experimental results. The instructor can 
adjust expectations about the preparation for the student-
designed experiment and interpretation of the data to fit the 
goals of the course and skill/knowledge level of the students.

This lesson plan also could be modified to be appropriate for 
an introductory environmental studies course or introductory 
biology course (Figure 1). The authors have used the Guided 
Experiment approach with introductory students at the end of 
the semester when students had been articulating hypotheses 
and performing experiments with protocols for several weeks. 
Students were provided the staging chart for zebrafish (43) and 
ideas about environmental conditions fish are exposed to in 
nature such as pesticides and road salt runoff. Students then 

Figure 1. Possible modifications for the lesson. (A) Full 7-week lesson plan. (B) Modification that could be appropriate for an upper level developmental biology 
course if you are not performing the Independent Experiment. (C) Modification for environmental science course in which student groups may expose fish to different 
environmental conditions, then compare results with student presentations in Week 4 (or Week 5). (D) Modification that streamlines the experiment for an introductory 
course. In this modification, the instructor should explicitly state what data students will collect so that class wide data can be compiled and students can complete a 
lab paper or assignment. GE – Guided Experiment, IE – Independent Experiment
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designed their own experiment and presented their results to 
the class. At the introductory level, students may already have 
experience collecting data, performing descriptive statistics, 
and generating graphs from data, or the instructor could 
use this experiment to teach students about these aspects of 
scientific experimentation.

Required Learning Time
This lesson spans seven weeks of class, with a three-hour 

lab each week. Students are also expected to monitor their 
experiments outside of the scheduled class time. The lesson is 
broken into two slightly overlapping components outlined in 
the lesson timeline (Table 1, starting on page 10):

Guided Experiment: students expose zebrafish embryos 
to specific concentrations of atrazine. Student groups are 
given different starting developmental stages with which to 
perform their experiment. As a class, students then generate 
a time course by pooling the data they collected at different 
starting stages of development. This part of the lesson can be 
performed without including the Independent Experiment.

Independent Experiment: after gaining experience working 
with zebrafish embryos in the Guided Experiment, students 
develop and perform their own project.

If the instructor or other faculty at the institution do not 
already have approved protocols for working with zebrafish, 
the instructor will need to submit protocols to their institutional 
animal use committee. It is important for anyone using this 
lesson to understand how long this process takes at their 
institution in order to have approval prior to beginning the 
lesson.

Prerequisite Student Knowledge
This lesson is adaptable to introductory or advanced 

students. Lab skills that will facilitate performing the described 
experiments include light microscopy, dilution calculations, 
basic spreadsheet management, descriptive statistics, 
generation of figures with raw data, observation, team work, 
and controlled experimentation. Students also should know 
how to use lab equipment including micropipettes, pipets, 
and dissecting microscopes. Second year students and above 
would ideally be comfortable with these skills and use 
the research experience to apply and practice them. In an 
introductory biology course, lab skills could be developed in 
the same course prior to and during the lesson.

Prerequisite Teacher Knowledge
The instructor should have content knowledge in 

developmental processes from early cleavage through 
organogenesis and be comfortable with experimental design, 
troubleshooting, and management of teaching laboratory 
group work. Experience with zebrafish is important.

SCIENTIFIC TEACHING THEMES

Active Learning
Because this lesson is based in wet lab experimentation, it 

is inherently an active learning experience. Lab partners meet 
regularly to plan and perform their experiment in and out of 
class. Students engage with technology, interpretation and 
execution of laboratory protocols, as well as data collection and 

analysis. In addition, even when students are not conducting 
experiments, they are doing much more than passive listening; 
they discuss ideas, make proposals, explore and compare 
collected data, come to consensus on interpretation of results, 
and present their findings to classmates. Importantly, this 
lesson allows students to apply their life experiences related to 
environmental issues and/or previous coursework in a research 
environment while they develop and practice valuable critical 
thinking and lab skills.

Assessment
Items used for assessment of student learning for this lesson 

include:

1. A report of data collected in the Guided Experiment 
(Weeks 1-3) modeled after the Results section of 
a research publication and evaluated for proper 
formatting of figures and accompanying results text.

2. A report of experimental design, protocols, and list 
of required resources for the Independent Experiment 
(Weeks 4-6).

3. Student research notebook (maintained during 
the whole lesson) evaluated for detailed notes on 
experimental design and planning, experimental set up, 
troubleshooting notes, data collection, observational 
notes, and conclusions.

4. Student presentations evaluated on clarity and 
organization of the background, experimental design, 
data, conclusions, knowledge of the project by both 
partners, and scientific thoughtfulness in answers to 
peers’ questions.

Steps in the lesson that can be used for formative and 
summative assessment are indicated in the Lesson Timeline 
with an asterisk (Table 1, starting on page 10).

Inclusive Teaching
Laboratory courses in which students design and perform 

experiments in small groups likely garner many additional 
benefits for students than do courses in which students work 
independently. Studies have shown that problem solving and 
work done in groups enhances learning (44-47) and benefits 
from diverse contributing perspectives (48-50). In particular, 
an examination of collegiate student group work demonstrated 
that racio-ethnic diversity was positively related to group 
efficacy (51).

Additionally, educational research has shown that applied 
laboratory experiences increase interest in science by 
traditionally underrepresented populations in the sciences 
by demonstrating the relevance of the course material (11). 
In particular, including content related to social justice issues 
such as health disparities has been shown to increase minority 
engagement and persistence (52), which may be one of the 
many reasons the AAAS encourages courses to connect 
science to society more directly (12). This lesson has very 
overt relevance and highlights the importance of considering 
developmental biology in discussions about environmental 
issues when students observe the impact of pesticide exposure 
on organogenesis (followed by more focused and personally-
relevant experiments in the Independent Experiment portion). 
It also has the opportunity to be connected to issues of social 
justice around access to quality water and the link between this 
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access and public health outcomes. Readings from the 2010 
book, Living Downstream: An ecologist’s personal investigation 
of cancer and the environment (53) or scenes from the 
documentary based on this book, could be a way to stimulate 
conversation about this connection. This CURE reinforces the 
value of a course project and demonstrates how coursework 
can be connected to broader issues students may care about. 
In fact, CUREs are recommended as a mechanism for making 
scientific research more inclusive because they grant access to 
meaningful research experiences for all students (16). While 
some particularly recommend establishing CURE programs at 
minority serving institutions (54), establishing CUREs at any 
undergraduate institution has the potential to enhance the 
interest and persistence of students from underrepresented 
groups in STEM fields.

LESSON PLAN

This lesson has two parts: 1) the Guided Experiment in 
which lab groups gather data to contribute to a class-wide 
time course study; and 2) the Independent Experiments that 
are planned and performed in pairs.

Pre-lesson Preparation

Reagents and handouts
All stock solutions and imaging plates can be prepared in 

sufficient quantity before week 1 to last through the Guided 
Experiment (Supporting File S1. Eco Devo Zfish – Required 
supplies and reagent protocols). Working dilutions can be 
prepared in large quantities prior to the start of the Guided 
Experiment, but the following reagents may need to be made 
again as students use them: working dilution of E3 medium, 
fry media, and 0.1M phosphate buffer with 5% sucrose. 
The fixative (4% paraformaldehyde, 0.1M Phosphate buffer 
with 5% sucrose solution) needs to be made every 2 weeks. 
Handouts can be prepared and distributed together at the start 
of the lesson. Within the student handouts, the text that the 
instructors should modify for their course is highlighted in red, 
although other details may need to be modified depending on 
the resources available (See the individual student handouts, 
Supporting Files S2-S6). See Supporting File S7. Eco Devo 
Zfish – Planning calendar for independent experiment, for a 
blank calendar to use in planning instructor preparation for the 
Independent Experiment. The Lesson Plan Timeline (Table 1) 
provides guidance on when to prepare reagents and handouts, 
assuming the instructor is using the entire lesson plan.

Zebrafish embryos
Ideally, the instructor will have access to a breeding 

zebrafish colony to collect embryos at different stages of 
development. Zebrafish embryos will need to be collected in 
the days leading up to the first lab session (Table 1). If there is 
not a zebrafish colony available at the instructor’s institution, 
research labs at a neighboring institution may be willing to 
provide embryos. Alternatively, the Zebrafish International 
Resource Center (ZIRC) can supply embryos at a reduced cost 
to academic institutions (www.zebrafish.org); it is important to 
note that these embryos would be at later stages of development 
due to shipping time. Both the Guided Experiment and the 
Independent Experiment could be performed using embryos 
starting at 24 hours post fertilization acquired from ZIRC. In the 
absence of having breeding fish available, ordering embryos 

from ZIRC and limiting students to starting at a later stage will 
streamline the preparation needed to collect embryos. The 
experiments described in this lesson can all be performed with 
wild-type embryos. For general references on zebrafish care 
at all life stages, the instructor can find open access protocols 
through The Zebrafish International Resource Center (ZIRC, 
https://zebrafish.org) including the online 4th edition of The 
Zebrafish Book and the ZFIN Protocol Wiki.

Imaging
A learning goal of this lesson involves morphometric 

analysis. We used an eyepiece camera (Dino-Lite AM4023X, 
BigC Dino-Lite Digital Microscopes) inserted into the eye 
piece of a teaching stereo microscope. The camera has a USB 
connection and software compatible with multiple computer 
platforms for image collection for analysis using the camera 
software or with ImageJ (imagej.nih.gov/ij/, National Institutes 
of Health) (Supporting File S6. Eco Devo Zfish – Handout 5. 
Using ImageJ to analyze images). If eyepiece cameras are 
available, the instructor should aim to have one for every two 
or three groups during the experiment. Smart phone adapters 
that stabilize the phone to facilitate imaging with a phone can 
be purchased or printed with a 3D printer, although we have 
not used this approach. In addition, guidelines are available 
for consistent approaches using a handheld smartphone 
(55,56). The instructor should modify Handout 5 (Supporting 
File S6. Eco Devo Zfish – Handout 5. Using ImageJ to analyze 
images) to include only the imaging options available to their 
students. Alternatively, the instructor can leave all options in 
the handout so that students learn about multiple approaches 
to methods, but make sure that students are clear about the 
options available to them.

There are several ways to quantify morphology. If using a 
cell phone, pictures should be taken through an eyepiece fitted 
with a micrometer if possible. The Dino-Lite eyepiece camera 
includes a micrometer that students can take a picture of at the 
same magnification as their experiment. In both the camera 
software and ImageJ, students can open their images and set 
the scale in the program using the image of the micrometer. 
Students can then record measurements with units. If students 
do not have access to a micrometer, they can open their 
images in ImageJ, measure structures in pixels, and calculate 
ratios of two measurements taken, for example length of the 
embryo:width of head cartilage. There are links to tutorials 
for the eyepiece camera, imaging, and analysis in Handout 2 
(Supporting File S3. Eco Devo Zfish – Handout 2. Reference 
links for stages of embryonic development of the zebrafish, 
software, imaging methods and measurements).

Module 1: Guided Experiment

Collecting fish embryos prior to the first class
The goal is to have embryos at different stages of 

development for the Guided Experiment. Each group should 
have a minimum of eight embryos per treatment at the same 
stage of development determined using the zebrafish staging 
chart by Kimmel et al (43), so we recommend collecting 10 
embryos per treatment per group to provide a buffer in sample 
sizes. Therefore, each student group will need 30 healthy 
embryos if three treatments will be studied or 50 embryos 
if five treatments will be studied (for planning see Table 1 
and Supporting File S1. Eco Devo Zfish – Required supplies 
and reagent protocols). In the three days prior to the first 

www.zebrafish.org
https://zebrafish.org
imagej.nih.gov/ij/
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lab meeting, the instructor should breed zebrafish daily. The 
collected embryos then should be divided and raised at 28°C 
(the recommended temperature for zebrafish growth) and 
22°C, to slow development. If incubators are not available, this 
temperature difference can be accomplished by putting dishes 
of embryos in rooms at higher or lower temperatures. Just 
before the first class, the instructor should divide embryos so 
that each group gets at least the minimum number of embryos 
required for their experiment that are all at the same stage; 
separate groups will receive different developmental stages.

Week 1
During the first week, the instructor introduces the 

background on atrazine (or another chemical if desired) 
and the scope of the project (Supporting File S8. Eco Devo 
Zfish – Lecture slides. Background on atrazine). Students then 
receive a dish of zebrafish embryos and a staging chart (43). 
Students first determine the stage of development they are 
starting with using the staging chart. Students will then follow 
the instructions on Handout 1 (Supporting File S2. Eco Devo 
Zfish – Handout 1. Student instructions for guided experiment) 
to set up their experiment. Students will use class time to: 1) 
perform calculations for the treatment conditions; 2) write a 
detailed protocol for experimental set up in their lab notebook; 
3) create a table to collect data for 24 hours of treatment; 4) set 
up their experiment; 5) label tubes for ending the experiment; 
and 6) become familiar with the shared online spreadsheet in 
which they will post their data. To ensure visible malformations 
and compare the effects of different concentrations of atrazine 
on development, we recommend that students should test (at 
a minimum) 10 and 30 mg/L atrazine as described in Handout 
1. If extra embryos are available, students may also include 
1 mg/L atrazine to have one dose that results in little to no 
visible effect.

Students will need to monitor their experiment at 24 
hours of treatment and then end the experiment by putting 
their embryos in a fixative at three or four days of treatment, 
depending on timing of the course and when students can 
have access to the classroom. Therefore, the instructor should 
walk students through the fixation protocol on Handout 3 
(Supporting File S4. Eco Devo Zfish – Handout 3. Fixation 
protocol) during lab session 1, so that students know how to 
properly handle the fixative.

Weeks 2 & 3
All of the student groups should have their embryos in fixative 

by the second week. At the beginning of Week 2, the instructor 
reviews the proper washing procedure and handling of fixative 
waste. Students will wash the fixative from their embryos, take 
extensive observational and quantitative notes in their research 
notebook on the Guided Experiment, and input their data into 
the shared online spreadsheet. Students should also image 
embryos to record malformations and determine a quantitative 
way to measure those malformations using ImageJ. Examples 
of formats for the online shared spreadsheet are in Supporting 
File S9. Eco Devo Zfish – Screenshots of shared online 
spreadsheet. Sample rubrics are provided in Supporting File 
S10. Eco Devo Zfish – Sample rubrics for evaluation of student 
notebooks from the Guided Experiment. If the Independent 
Experiment (Supporting File S5. Eco Devo Zfish. – Handout 4. 
Independent experiment basic guidelines) will be performed, 
students should plan their experiment during and outside of 
class time during Weeks 2 & 3 of the Guided Experiment.

Module 2: Independent Experiment

Prior to Week 4
Week 4 is the beginning of the Independent Experiment. 

While the students are planning their Independent Experiment 
during the Guided Experiment, the instructor should plan 
the reagents and fish embryos needed for the Independent 
Experiment. This will include planning fish breeding to have 
the embryos needed for the student Independent Experiment 
and may include ordering chemicals or refreshing the working 
dilutions of the embryo and fry media, fixative, and wash 
solutions that were also used in the Guided Experiment. 
Depending on students’ previous training, they can be 
expected to develop their own experimental design and 
protocols based on published and publicly available resources 
or can be provided more guidance to facilitate productive lab 
time. The instructor can define options for the experimental 
parameters (developmental stage and environmental factor) as 
narrowly as necessary based on available resources and the 
course level.

Week 4
Students begin setting up their Independent Experiments. 

This week will likely be the most hectic as the instructor 
distributes embryos and supplies for the different projects. 
Students are expected to carefully record their experimental 
protocol in their lab notebooks as they set up their experiment 
during Week 4. The instructor will monitor and consult with 
all groups throughout the class period.

Weeks 5 & 6
The instructor should remain in close communication with 

students during class time and between class meetings to 
ensure that projects are progressing, students have access to 
their experiments as appropriate, have help to manage any 
problems that arise, and are provided additional embryos for 
biological replicates or experimental improvements. Students 
are expected to monitor experiments and put embryos in 
fixative between class periods as necessary, but to use the 
class meetings to perform the bulk of imaging and analysis. As 
students are collecting data, they should be generating figures 
and discussing the interpretation of the data within their group 
and with the instructor.

Week 7
Students will clean up their lab projects and give research 

presentations during class. Sample rubrics are provided 
in Supporting File S10. Eco Devo Zfish – Sample rubrics 
for evaluation of student performance in the Independent 
Experiment.

TEACHING DISCUSSION

After gaining the needed experience/skills in the guided 
experiment, students were able to develop and perform their 
own novel experiment. In general, students enjoyed planning 
their own experiment and performing an experiment that did 
not fit solely within the class meeting times, and thus more 
closely mimicked authentic original research. Given the small 
class size, we used the instructor’s research lab for some of 
the independent experiment. Student comments in course 
evaluations reflected their appreciation of this experience and 
the desire for even more independent work, including:
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• “I really liked the independent project at the end 
because it was really nice to do a project without 
strict guidelines and on your own time so it was more 
interesting instead of just something I had to do like in 
some previous labs”

• “...was able to practice good lab techniques and 
designing experiments”

• “I wish there had been more time for independent 
experiments to look at slightly more complicated 
outcomes. But I have no idea how the class could have 
been condensed at all to allow for this”

• “...I learned a lot about how to use microscopes, image 
larva, and keep a lab notebook.”

These comments are consistent with literature about the 
importance of CUREs, namely that students use scientific 
processes in a novel discovery process instead of employing 
formulaic techniques to replicate an already determined 
outcome (17).

We ran the Independent Experiment with up to six projects 
and one instructor, with each project addressing very different 
developmental biology questions (Table 2, on page 12). 
Some challenges can arise when ensuring that students have 
adequately planned their work during the first week of the 
Independent Experiment. However, it was exciting to discuss 
the experimental design, hypotheses, and data with students, 
particularly because none of us had previously performed the 
experiments they were proposing. This allowed the instructor 
and students to talk about their experiments as novel research, 
a somewhat rare opportunity at a small liberal arts college. The 
instructor should consider the size of the class, the availability 
of embryos, and other support (staff, teaching assistants, etc.) 
when deciding the scope of the Independent Experiments. 
For example, we were able to have students perform the 
Independent Experiment in pairs, but groups of 3-4 students 
would allow an instructor to more easily adapt this lesson for 
a larger class.

Even at the advanced level, some student groups have vague 
ideas about the experiment they want to perform. Because of 
this, the instructor expected students to have their protocols, 
endpoint, and hypothesis documented in their lab notebook 
prior to the distribution of embryos for their experiment. Much 
of the formative assessment in this lesson was through in-
class conversations with student groups as they finalized their 
experimental design, followed by check-ins during class and 
lab sessions that included confirmation that the students were 
checking on their experiment and documenting quantitative 
and qualitative data. We recommend informal check-ins with 
students that explicitly include any problems or concerns they 
have with their experiment.

We believe this lesson could easily be modified for use in an 
introductory course. We have used zebrafish development as a 
research topic for introductory biology students in 2-week long 
student-designed group research projects. Examples include 
effect of temperature and salinity on zebrafish development. 
The latter example was a model for spring road run-off after 
salt application in the winter and the impact that additional 
salt in waterways may have on animals that develop in those 
waters. Here we had group sizes of three to five students. This 
allowed us to implement a small CURE in a larger lab course 
(up to 24 students per section) and found that it was beneficial 

to have more students in the group to better plan and perform 
an experiment. We found it helpful to ensure two weeks 
between the end of the experiment and student presentations. 
During this time, students generate figures that include basic 
descriptive statistics (mean and standard error of the mean) 
and have group meetings with the instructor to discuss their 
figures and the interpretation of the data. The timing of these 
projects is provided below and in Table 1 as a modification for 
introductory biology.

Students are not evaluated on the quality of their data, but 
rather their ability to perform and analyze what they have 
observed. Because this is a learning experience, the instructor 
emphasizes to students that what they deem ‘bad data’ due to 
procedural problems is still part of their analysis. Students are 
required to provide biological explanations for outcomes of 
all experiments.

Comments on responsible and humane use of zebrafish 
embryos in this lesson

A statement on the use of animals in research is included in 
Handout 1 (Supporting File S2. Eco Devo Zfish – Handout 1. 
Student instructions for guided experiment), and the instructor 
should consider adding to or modifying this document to best 
reflect their institution and student population. We have found 
that students greatly appreciate having a conversation about the 
use of animals in the laboratory and knowing that responsible 
and humane treatment of animals has been considered. 
Furthermore, explaining how animal protocols are approved 
and the implications for the institution if they do not follow 
the policies also conveys the responsibility of working with 
vertebrate animals. Researchers and instructors who work with 
vertebrate animals must first have their procedures approved 
by their institutional animal care committee. Institutions that 
receive federal grant funding are required to work with the 
National Institutes of Health Office of Laboratory Animal 
Welfare and establish an Institutional Animal Care and Use 
Committee to ensure the treatment of animals in grant funded 
research and teaching labs at the institution is humane. If an 
institution does not fulfill their responsibilities in ensuring the 
welfare of research animals at the institution, they can lose 
their federal grant funding.

In these experiments, all zebrafish larvae are euthanized 
prior to eight days post fertilization, and while MS-222 is not as 
effective at these stages, immersion in fixative is an acceptable 
mode of euthanasia (57). We recommend using MS-222 to 
reduce movement in the zebrafish larva at all stages followed 
by immersion in fixative as outlined in the protocols.

Modifications on the lesson plan

For introductory courses
A condensed version of this lesson was incorporated 

into introductory biology spanning four weekly three-
hour labs. Students submit their experimental plan in week 
1, perform their experiment in weeks 2 and 3, and give a 
group presentation of their results in week 4. Ideally there 
are two weeks between completion of the experiment and 
presentations so that student groups can generate figures 
and meet with the instructor to discuss interpretation of their 
results and presentation preparation.
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Alternative animal models
Although this lesson is designed to use an available breeding 

zebrafish colony, other animal models would also provide 
students with a comparable experience. The Guided Experiment 
was modeled after a research publication using African claw-
toed frog embryos (Xenopus laevis) (59), and thus early stages of 
frog embryos can be used in place of zebrafish. Students could 
also be provided with a variety of organisms to compare effects 
across biological processes and organisms. 

SUPPORTING MATERIALS

• S1. Eco Devo Zfish – Required supplies and reagent 
protocols. Includes protocols and materials for instructor 
preparation.

• S2. Eco Devo Zfish – Handout 1. Student instructions for 
guided experiment. To be modified and handed out to 
students

• S3. Eco Devo Zfish – Handout 2. Reference links for stages 
of embryonic development of the zebrafish, software, 
imaging methods and measurements. To be modified and 
handed out to students

• S4. Eco Devo Zfish – Handout 3. Fixation protocol. To be 
modified and handed out to students

• S5. Eco Devo Zfish. – Handout 4. Independent experiment 
basic guidelines. To be modified and handed out to students.

• S6. Eco Devo Zfish – Handout 5. Using ImageJ to analyze 
images. To be handed out to students.

• S7. Eco Devo Zfish – Planning calendar for independent 
experiment. For instructor to map out instructor preparation 
to support student independent experiments.

• S8. Eco Devo Zfish – Lecture slides. Background on 
atrazine. For instructor to use to introduce the topic of the 
guided experiment to the students.

• S9. Eco Devo Zfish – Screenshots of shared online 
spreadsheet. Examples of how students have documented 
their data for the Guided Experiment.

• S10. Eco Devo Zfish – Sample rubrics. For assessing the 
different components of the lesson.
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Table 1. Lesson Plan Timeline. 

Activity Description Time Notes

Submit animal care protocol to institutional animal care and use committee

Write and 
submit 
animal use 
protocols

As soon as the instructor is interested in using 
zebrafish in their teaching lab, they should request 
protocol forms and understand the review process of 
their institutional animal use committee.

2 weeks to several months, 
depending on instructor’s 
institution’s process.

The lesson’s corresponding author 
can provide the protocols that have 
been approved at Goucher College 
for this lesson upon request.

Preparation for Guided Experiment

Complete 
first page of 
“Required 
Supplies 
and Reagent 
Protocols”

This document provides a list of materials in a table 
to calculate the total quantities needed for the class. 
It subsequently provides all the recipes needed for 
stocks and reagents.

~15 minutes This should be done several weeks 
prior to the lesson being used so 
that the instructor can ensure there 
are sufficient materials for the 
lesson.

Collect 
zebrafish 
embryos: 
getting 
embryos 
at different 
stages 

1. Set separate adult breeding fish pairs to breed 3, 
2, and 1 day before the first week of the Guided 
Experiment.

2. Split large clutches of embryos into separate 
dishes to maintain at different temperatures for 
different rates of development.

~ 30 minutes in the afternoon 
each day.

~ 60 minutes each morning 
after setting up breeds.

Each group should have 3 – 5 
treatments, depending on how 
many concentrations of atrazine 
are assigned, with at least 8 
embryos per treatment. We 
recommend collecting 10 per 
treatment in case, therefore each 
group needs 30-50 embryos.

Prepare 
handouts

1. Modify Handout 1 for course-specific details.

2. Make copies of Handout 1, 2, & 3 for each 
student.

3. If desired, make copy of staging chart (Kimmel et 
al, 1995) for each group.  

~ 60 minutes Text that should be adapted 
for your course is in red font in 
Handouts.

Students should leave copies of 
the staging chart in the classroom 
to consult when they monitor their 
experiment outside of class time.

Prepare 
online files

1. Upload handouts to online learning management 
system (LMS).

2. Set up online spreadsheet as repository for 
student data. Share link on LMS.

30 minutes

Review 
and modify 
atrazine 
powerpoint 
file

Add material to the final slide of powerpoint if desired 
to set up the lab experiments you will be performing.

30 minutes

Prepare 
reagents

Make embryo media stock, media working dilution, 
atrazine stock, anesthetic, fixative.

5 hours to make and aliquot as 
needed.

Make the working dilution of the 
embryo media in a large carboy 
(10 L) so that it will last through all 
projects.

Set up 
imaging 
stations

Set up stations at which groups can image and save 
data.

Initial set up (computer 
program installation, set up 
adapters/ eyepiece cameras, 
etc.) ~1 hour.

This remains set up throughout 
projects.

If DinoLite eyepiece cameras or 
other microscope imaging options 
are not available, smart phones or 
tablets are a great alternative (see 
Handout 2). Microscope adapters 
for smart phones can be found 
online or printed with a 3D printer.



CourseSource  | www.coursesource.org 2020  | Volume 0711

Using Zebrafish in a Developmental Biology Lab Course to Explore Interactions Between Development and the Environment

Activity Description Time Notes

Module 1: Guided Experiment (GE)

Week 1: Set 
up exposures

1. Introduction to atrazine (or your chemical of 
choice).

2. Students calculate how to make their treatments 
& write experimental approach in notebooks.

3. Set up experiments.

4. At end of class period, walk students through the 
process of collecting time points and “fixing” 
(i.e., preserving) embryos for analysis.

5. Students label tubes for ending their experiment.

1. 15 minutes 

2. 30 minutes 

3. 90 minutes

4. 15 minutes 
 

5. 15 minutes

Handouts can be provided the 
previous week with the expectation 
that students come to class ready to 
set up their experiment. However, 
in a 3-hour meeting of an upper-
level course, there will be plenty 
of time for students to plan and 
perform necessary experimental 
set up.

Lab notebooks for Guided 
Experiment can be used for 
assessement.*

Between 
weeks 1 & 
2: Ending 
experiment

(Outside of 
class time)

1. Students will need access to their experiment, 
anesthetic, and fixative.

2. If the Independent Experiment will be performed, 
modify Handout 4 to include already available 
and/or acceptable resources for student-designed 
experiment.

3. Upload handouts 4 & 5 to learning management 
system and make a copy for each student.

4. Prepare petri dishes with 1% agarose (or gelatin) 
that students can use for imaging.

1&2. Students will need up 
to 1 hour to record 
observations and refresh 
treatments 1 day after 
class and up to 30 
minutes to fix their 
experiment 3 or 4 days 
after class.

3. Preparing handouts will 
require up to 1 hour of 
instructor time.

4. 30 minutes

Text that should be adapted 
for your course is in red font in 
Handouts for the Independent 
Experiment, including required 
group size, available chemicals 
and histology stains, and fish lines.

For Handout 5, tell students which 
options for imaging are available 
to them from those listed under 
“Acquiring Images: Tips & Tricks” 
section 1.

Week 2: 
Collect data

1. Wash fixative out of embryos.

2. Record qualitative observations of the 
experiment.*

3. Quantitate malformations observed.*

4. Begin imaging examples of malformations.

5. Idea and supply list for Independent Project 
DUE.*

6. Print Supporting File 7: Planning calendar for 
Independent Experiments.

1. 60 minutes

2. 30 minutes 

3&4. 90 minutes

Make sure there is a waste 
container for the paraformaldehyde 
in the hood.

Students should submit ideas for 
the Independent Experiment. By 
the end of class, the instructor 
should talk to each group about 
Independent Experiments so 
students can prepare protocols 
to submit in Week 3.* Use pencil 
to fill in planning calendar 
for instructor prep during 
conversations.

Week 3: 
Finish 
collecting 
and 
uploading 
data

1. Complete data collection from Week 2.

2. Consolidate data in Google spreadsheet.

Whole class time

(3 hours)

Students should submit a plan 
for their student-designed 
experiment.* 

Instructor will use plans to 
complete planning calendar and 
prepare for the following weeks’ 
experiments.
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Activity Description Time Notes

Module 2: Independent Experiment

Week 4: 1. Students set up independent experiments.

2. Instructor circulates and provides tips and 
guidance for preparing reagents and setting up 
the experiment.*

Prep time will be determined 
by the independent projects, 
and what expectations the 
instructor has for students 
preparing their own reagents.

In addition to experiment-specific 
resources needed, the instructor 
should replenish embryo media, 
fry media, MS-222, fixative, and 
imaging plates.

Lab notebooks for Independent 
Experiment can be used for 
assessement.*

Weeks 5-6: Student groups are expected to continue their 
experiments. This may involve troubleshooting and 
replicating experiments.*

Instructor should be contact groups 
in the 3 days after they have set 
up their experiments to assist in 
trouble shooting and be available 
throughout subsequent lab periods 
to support data collection and 
analysis.*

Week 7: 
Group 
presentations

Set up teaching lab or reserve a separate classroom for 
group presentations.

15 minutes Group presentations can be used 
for assessement.*

* indicates points of assessment for the lesson. Sample rubrics for summative assessment can be found in Supporting File S10. Eco Devo Zfish – 
Sample rubrics. 

Table 2. Example titles of independent projects.

The following titles are actual student-designed independent projects that were performed in this lesson.

The effect of caffeine (10 μg/ml) on zebrafish (Danio rerio) embryos of varying developmental stages

Effects of caffeine on neurological development of Tg(gfap:gfp) zebrafish (Danio rerio) embryos

Rescue of the fetal alcohol syndrome phenotype by retinoic acid in the zebrafish model

The effects of alcohol on cardiogenesis in zebrafish (Danio rerio)

Modeling the effects of road salt runoff from winter use in the zebrafish embryo model system 

Does RoundUp affect development in the zebrafish (Danio rerio) embryo?


